
Standard Operating Procedure (SOP):

Dry and Steam Sterilization

Objective:

To describe the process for dry heat sterilization and steam sterilization 
(autoclaving), ensuring effective decontamination and sterilization of laboratory
equipment, glassware, and media.

Materials Required:

1. Equipment for Dry Heat Sterilization:

o Hot air oven

o Glassware (Petri dishes, flasks, test tubes, etc.)

o Aluminum foil or heat-resistant paper for wrapping items

o Heat-resistant gloves (for handling hot glassware)

o Tongs (for handling sterilized equipment)

2. Equipment for Steam Sterilization:

o Autoclave

o Autoclave-safe materials (culture media, liquids, tools, etc.)

o Autoclave bags or heat-resistant containers

o Sterilization indicator strips or autoclave tape

o Distilled water (for the autoclave chamber)

o Heat-resistant gloves (for handling autoclaved materials)

3. Sterility testing materials:

o Biological indicators (optional, for confirming sterility)

o Chemical indicator strips (for both dry and steam sterilization)

Safety Precautions:

1. Always wear heat-resistant gloves when handling sterilized items or 
when operating the oven or autoclave.



2. Do not overfill the hot air oven or autoclave to ensure proper air or steam
circulation.

3. Ensure proper venting when using the autoclave to avoid excessive 
pressure buildup.

4. Allow the oven or autoclave to cool down before opening the door to 
avoid burns from heat or steam.

5. Follow autoclave manufacturer’s instructions for safe operation and 
maintenance.

Procedure for Dry Heat Sterilization:

Step 1: Preparation

1. Clean and dry the equipment: Ensure all glassware and equipment are 
free from contaminants before sterilization.

2. Wrap the items: Cover glassware (e.g., flasks, Petri dishes) with 
aluminum foil or heat-resistant paper to prevent contamination after 
sterilization.

3. Arrange the items: Place the wrapped glassware on the shelves of the 
hot air oven, ensuring space between items for hot air circulation.

Step 2: Sterilization

1. Set the oven temperature to 160°C to 180°C, depending on the material 
being sterilized.

o For most glassware, set the oven to 160°C for 2 hours, or 180°C 
for 1 hour.

2. Start the oven and let it reach the desired temperature.

3. Monitor the time and temperature to ensure proper sterilization. Use 
temperature probes or inbuilt sensors to verify.

4. Turn off the oven after the sterilization time is complete and allow it to 
cool gradually.

Step 3: Post-Sterilization

1. Once cooled, remove the items using heat-resistant gloves and tongs.



2. Check the chemical indicators (e.g., heat-sensitive strips) to confirm 
that the items reached the appropriate temperature.

3. Store sterilized items in a clean, sterile environment for future use.

Procedure for Steam Sterilization (Autoclaving):

Step 1: Preparation

1. Load the autoclave with the items to be sterilized:

o For media and liquids, use autoclave-safe containers and fill them
no more than two-thirds full to prevent spillage.

o For dry materials (tools, waste), place them in autoclave bags.

2. Add water to the autoclave chamber: Fill the chamber with distilled 
water according to the manufacturer’s guidelines.

3. Apply autoclave tape or place chemical indicator strips inside the 
items to confirm successful sterilization.

4. Ensure the autoclave door is properly sealed and locked.

Step 2: Sterilization Cycle

1. Set the autoclave to the appropriate sterilization cycle:

o For typical sterilization, use 121°C at 15 psi (pounds per square 
inch) for 15-20 minutes.

o For more resistant materials (e.g., large volumes), extend the time 
(up to 30-40 minutes).

2. Start the autoclave and monitor the process, ensuring that the autoclave 
reaches the correct pressure and temperature.

3. The autoclave will automatically complete the sterilization cycle and 
begin cooling.

Step 3: Post-Sterilization

1. Vent the autoclave: Allow the pressure to return to normal before 
opening the door (most autoclaves will vent automatically).



2. Open the autoclave door slowly after ensuring that no steam is being 
released.

3. Use heat-resistant gloves to remove the sterilized materials carefully.

4. Check the autoclave tape or chemical indicator strips to ensure 
sterilization was successful (they will change color when exposed to high 
heat).

5. Allow liquids and containers to cool before handling further or storing.

Post-Sterilization Testing:

1. For critical sterilization processes, use biological indicators (e.g., 
Geobacillus stearothermophilus spores) to confirm the autoclave's 
effectiveness.

2. If using chemical indicators, record the results for future reference or 
audit purposes.

Disposal and Cleanup:

1. Discard used autoclave bags and other waste materials as per laboratory
safety protocols.

2. Regularly clean and maintain the hot air oven and autoclave according
to the manufacturer’s instructions to ensure optimal performance.

3. Store sterilized items in sterile, airtight containers to prevent 
contamination.

Documentation:

1. Record the details of each sterilization run, including:

o Date, temperature, pressure, and time used.

o Items sterilized.

o Sterility test results (chemical or biological indicators).

2. Maintain sterilization logs for regulatory compliance and quality control.



Standard Operating Procedure (SOP):

Isolation of Azotobacter from Soil

Objective:

To isolate and identify Azotobacter species from soil samples.

Materials Required:

1. Soil sample (preferably from an agricultural field or garden soil)

2. Sterile Petri dishes

3. Sterile distilled water

4. Sterile beakers

5. Inoculating loop

6. Sterile test tubes

7. Dilution blanks (sterile water or saline solution in test tubes)

8. Burk’s nitrogen-free agar medium (for selective growth of 
Azotobacter)

o Ingredients for Burk’s medium:

 Glucose: 10 g/L

 Potassium dihydrogen phosphate (KH₂PO₄): 0.2 g/L

 Magnesium sulfate (MgSO₄): 0.2 g/L

 Sodium chloride (NaCl): 0.2 g/L

 Calcium carbonate (CaCO₃): 5 g/L

 Ferric chloride (FeCl₃): trace amount

 Agar: 15-20 g/L

9. Incubator (set at 28-30°C)

10.Gram staining kit (crystal violet, iodine, ethanol, safranin)

11.Microscope slides and cover slips  ,Microscope,Sterile pipettes



Safety Precautions:

1. Wear proper PPE (lab coat, gloves, and goggles) while handling soil and 
media.

2. Work in a sterile environment, such as a laminar airflow hood, to avoid 
contamination.

3. Properly dispose of biohazardous waste, including used plates and soil 
samples.

Procedure:

Step 1: Collection of Soil Sample

1. Collect soil from an agricultural field, garden, or compost area 
(preferably moist soil).

2. Store the soil sample in a sterile container or bag and transport it to the 
lab for processing.

Step 2: Soil Suspension Preparation

1. Weigh 10 g of soil and transfer it into a sterile beaker.

2. Add 90 ml of sterile distilled water to the beaker containing soil.

3. Stir the mixture thoroughly using a sterile spatula to create a uniform 
suspension.

Step 3: Serial Dilution

1. Prepare dilution blanks by placing 9 ml of sterile water or saline 
solution into sterile test tubes.

2. Pipette 1 ml of the soil suspension into the first dilution blank and mix 
thoroughly. This creates a 10⁻¹ dilution.

3. Repeat the dilution process by transferring 1 ml from the first dilution to
the second tube to create a 10⁻² dilution.

4. Continue this process until you have dilutions up to 10⁻⁶.

Step 4: Plating on Burk’s Nitrogen-Free Agar



1. Label sterile Petri dishes with the corresponding dilution (e.g., 10⁻¹, 
10⁻², etc.).

2. Using a sterile pipette, transfer 0.1 ml of the soil suspension from the 
desired dilutions (typically 10⁻⁴ to 10⁻⁶) onto separate nitrogen-free agar 
plates.

3. Spread the inoculum evenly across the agar surface using a sterile glass 
spreader or L-shaped rod.

4. Allow the plates to dry for a few minutes and then invert the plates.

Step 5: Incubation

1. Place the inoculated plates in an incubator set at 28-30°C.

2. Incubate the plates for 2-7 days, observing daily for bacterial growth.

Step 6: Observation of Colonies

1. After incubation, observe the colonies on the agar plates.

o Azotobacter colonies are typically large, opaque, and mucoid, often
appearing yellowish-brown or white.

2. Note the colony morphology (size, color, shape) and the presence of any
distinctive characteristics like pigmentation or slime production.

Step 7: Subculturing for Purification

1. Using a sterile inoculation loop, pick well-isolated colonies of 
Azotobacter from the plates.

2. Streak the picked colonies onto fresh nitrogen-free agar plates to obtain 
pure cultures.

3. Incubate the plates at 28-30°C for 2-3 days.

Step 8: Gram Staining and Microscopic Observation

1. Prepare a bacterial smear from the isolated Azotobacter colonies on a 
clean microscope slide.

2. Perform Gram staining:

o Flood the slide with crystal violet for 1 minute, then rinse.

o Apply iodine for 1 minute, then rinse.



o Decolorize with ethanol for 10-15 seconds, then rinse.

o Counterstain with safranin for 30 seconds, then rinse and air dry.

3. Examine the slide under a microscope using the oil immersion 
objective (100x).

o Azotobacter is a Gram-negative, rod-shaped bacterium, so it will 
appear pink.

Step 9: Confirmatory Biochemical Tests

1. Motility test: Perform a motility test to check if the isolated Azotobacter 
is motile (typically, they are motile with peritrichous flagella).

2. Cyst formation: Azotobacter forms cysts under adverse conditions, 
which can be observed using specific staining or under certain growth 
conditions.

3. Nitrogen fixation: Azotobacter fixes atmospheric nitrogen, and this can 
be confirmed by inoculating the isolate into nitrogen-free liquid medium 
and observing growth.

Disposal and Cleanup:

1. Autoclave the used plates and any contaminated materials before 
disposal.

2. Properly discard the soil samples and any other biohazardous waste.

3. Clean and disinfect the workspace and tools used during the experiment.

Documentation:

1. Record details of the soil sample (collection location, date, etc.).

2. Note colony characteristics, Gram staining results, and any biochemical 
test results.

3. Photograph or sketch the colony morphology and microscopic 
observations.



Standard Operating Procedure (SOP):

Study of the Effect of Polluted Soil on Seed Germination

Objective:

To study how soil contamination with pollutants (such as heavy metals, 
chemicals, or industrial waste) affects the germination and early growth of 
seeds.

Materials Required:

1. Seeds (e.g., wheat, mustard, or any fast-growing seeds)

2. Polluted soil samples (collected from industrial areas, waste disposal 
sites, or artificially polluted in the lab)

3. Control soil (uncontaminated soil from a clean environment)

4. Seedling trays or small pots, Distilled water

5. Measuring cylinder or pipette (for watering)

6. Weighing balance (to measure soil quantities)

7. Plastic wrap or plastic bags (for covering pots to reduce evaporation)

8. Permanent marker (for labeling pots/trays)

9. Ruler (to measure root and shoot length)

10.Notebook and pen (for data recording)

11.Gloves and masks (for handling polluted soil)

Safety Precautions:

1. Wear appropriate PPE (gloves, masks, and lab coat) when handling 
polluted soil.

2. Avoid direct contact with polluted soil, and work in a well-ventilated 
area.

3. Properly dispose of the polluted soil and waste materials as per 
environmental safety protocols.



Procedure:

Step 1: Collection and Preparation of Soil Samples

1. Collect polluted soil samples from areas like industrial zones, landfills, 
or near sewage disposal sites. Alternatively, prepare polluted soil by 
adding known pollutants (e.g., lead, cadmium, oil) to clean soil.

2. Prepare control soil by collecting uncontaminated soil from an 
unpolluted environment, free of industrial waste or chemicals.

3. Weigh equal amounts of control and polluted soil (e.g., 200 grams) for 
each pot or seedling tray. Ensure the soil is well mixed and free from 
large clumps.

Step 2: Setup for Seed Germination

1. Label the seedling trays or pots clearly as "Control" and "Polluted" 
based on the soil used.

2. Fill the pots/trays with soil:

o Use the control soil for the control group.

o Use the polluted soil for the experimental group.

3. Plant seeds in each pot/tray at the same depth (approximately 1-2 cm 
below the soil surface). Plant 5-10 seeds per pot depending on its size.

4. Water each pot/tray with equal amounts of distilled water (e.g., 10-20 
ml per pot) to moisten the soil.

5. Cover the pots/trays with plastic wrap or place them in plastic bags to 
maintain moisture, ensuring adequate air exchange to prevent fungal 
growth.

Step 3: Incubation and Monitoring

1. Place the pots/trays in a well-lit area with a stable temperature of 20-
25°C or in a controlled environment (if available).

2. Monitor the pots daily for seed germination, ensuring the soil remains 
moist by watering as needed.

3. Record the number of seeds that germinate in each pot daily over a 
period of 7-10 days.



Step 4: Data Collection

1. Calculate the germination percentage for each group: 
Germination Percentage=(Number of seeds germinated/Total number of s
eeds)×100

2. Observe the seedling growth:

o Measure the root and shoot lengths using a ruler after a specific 
number of days (e.g., 7 or 10 days after sowing).

o Compare the appearance and growth patterns (e.g., root color, 
shoot strength) between the control and polluted groups.

3. Document any abnormalities such as stunted growth, yellowing, or 
deformation in seedlings from polluted soil.

Step 5: Data Analysis

1. Compare the germination rates between control soil and polluted soil.

2. Analyze the root and shoot growth in both groups:

o Look for reduced growth, discoloration, or deformities in the 
polluted soil group.

3. Graph the results, showing seed germination percentage, root length, 
and shoot length for each soil type.

Disposal and Cleanup:

1. Dispose of the polluted soil and any contaminated plant material as per 
environmental and laboratory guidelines. Do not dispose of polluted soil 
in regular trash or near plants.

2. Clean and sterilize the pots and trays for future use.

Documentation:

1. Record all experimental details, including:

o Type of seed used, source and type of polluted soil, watering 
frequency, and germination period. Graph and photograph



Standard Operating Procedure (SOP):

Study of the Effect of Water Stress on Seed Germination

Objective:

To investigate how varying levels of water availability (water stress) affect the 
germination of seeds.

Materials Required:

1. Seeds (e.g., wheat, maize, or any other common seeds)

2. Petri dishes or germination trays, Filter paper or cotton wool

3. Distilled water, Polyethylene glycol (PEG) solution or mannitol (to 
simulate water stress), Graduated cylinders or pipettes

4. Measuring balance (for accurate PEG/mannitol concentration)

5. Ziploc bags (for sealing the dishes to reduce evaporation)

6. Permanent marker (for labeling)

7. Ruler (to measure root and shoot length)

8. Forceps (for handling seeds)

9. Incubator or controlled environment (optional for temperature control)

Safety Precautions:

1. Handle all chemicals (e.g., PEG or mannitol) with care, according to the 
safety data sheet (SDS).

2. Maintain cleanliness to prevent contamination of seeds and solutions.

3. Ensure proper disposal of PEG/mannitol solutions and biological waste.

Procedure:

Step 1: Preparation of Water Stress Solutions

1. Prepare control (0% PEG/mannitol):

o Use only distilled water for the control group (no water stress).



2. Prepare different concentrations of PEG/mannitol to create varying 
levels of water stress:

o Prepare solutions with varying osmotic potentials (e.g., -0.2 MPa, -
0.4 MPa, -0.6 MPa, and -0.8 MPa) using PEG 6000 or mannitol.

o For example, to achieve a -0.4 MPa water potential with PEG 
6000, use approximately 10 g PEG in 100 ml of distilled water.

o Ensure solutions are well-mixed and stored in labeled containers.

Step 2: Seed Selection and Preparation

1. Select healthy seeds of uniform size for the experiment.

2. Surface sterilize the seeds (optional) by soaking them in 1% sodium 
hypochlorite for 2-3 minutes, followed by rinsing thoroughly with 
distilled water to reduce fungal contamination.

Step 3: Setup for Germination

1. Label the Petri dishes or germination trays clearly for each treatment 
group (e.g., control, -0.2 MPa, -0.4 MPa).

2. Place filter paper or cotton wool in each Petri dish/tray.

3. Moisten the filter paper with 5 ml of the corresponding water stress 
solution for each dish:

o Use distilled water for the control.Use the prepared PEG/mannitol 
solutions for the water stress treatments.

4. Place 10-20 seeds (depending on the size of the dish) on the moistened 
filter paper in each dish.

5. Cover the dishes with lids and seal with Ziploc bags or parafilm to 
reduce evaporation.

Step 4: Incubation

1. Place the Petri dishes in a controlled environment (e.g., incubator or a 
place with consistent temperature and light conditions). A temperature of 
20-25°C is ideal for most seeds.

2. Monitor daily for germination, and add more solution if the filter paper 
begins to dry out.



Step 5: Data Collection

1. Record the number of seeds germinated daily over a period of 7-10 
days.

2. Measure the radicle (root) and shoot lengths of the germinated seeds 
using a ruler after a specified period (e.g., 5-7 days).

o Use forceps to gently handle the germinated seeds.

3. Calculate the germination percentage for each treatment: 
Germination Percentage=(Number of seeds germinated/Total number of s
eeds)×100

4. Document the observations such as changes in seed germination rate, 
root length, and shoot length across different water stress levels.

Step 6: Data Analysis

1. Compare the germination rates between the control group and the 
water-stressed groups.

2. Analyze the root and shoot growth to understand the effect of water 
stress on seedling development.

3. Graph the results, plotting seed germination percentage, root length, and
shoot length against the varying levels of water stress.

Disposal and Cleanup:

1. Dispose of the used PEG/mannitol solutions according to laboratory 
safety protocols. Clean and sterilize the Petri dishes, germination trays, 
and other equipment. Properly dispose of any germinated seeds and plant 
material as per lab guidelines.

Documentation:

1. Record results for future reference or reports,

o Seed type, concentration of water stress solutions, incubation 
conditions, and germination times. Photograph and graph.



Standard Operating Procedure (SOP):

Isolation of Rhizobium from Root Nodules

Objective:

To isolate and identify Rhizobium bacteria from the root nodules of leguminous 
plants.

Materials Required:

1. Leguminous plant with root nodules (e.g., pea, soybean)

2. Sterile Petri dishes Sterile distilled water, Sterile forceps and scalpel

3. Ethanol (70%) for surface sterilization

4. Mercuric chloride solution (0.1%) or sodium hypochlorite (1%)

5. Sterile nutrient agar or YEMA plates (Yeast Extract Mannitol Agar)

6. Inoculation loop, Autoclaved test tubes, Incubator (28-30°C)

7. Glass slides and cover slips, Gram staining reagents, Microscope

Safety Precautions:

1. Wear appropriate PPE (lab coat, gloves, goggles).

2. Work in a sterile environment to avoid contamination (e.g., near a Bunsen
burner or in a laminar flow hood).

3. Handle chemicals (e.g., mercuric chloride) with care, using proper 
disposal methods.

Procedure:

Step 1: Collection of Root Nodules

1. Select a healthy leguminous plant with visible root nodules.

2. Gently uproot the plant without damaging the roots.

3. Wash the roots thoroughly under running tap water to remove soil 
particles.



4. Carefully detach the root nodules using sterile forceps.

Step 2: Surface Sterilization of Root Nodules

1. Rinse the nodules in sterile distilled water for a few minutes.

2. Sterilize the nodules by immersing them in 70% ethanol for 30 seconds.

3. Transfer the nodules to 0.1% mercuric chloride solution or 1% sodium 
hypochlorite for 2-3 minutes to ensure complete surface sterilization.

4. Rinse the nodules 4-5 times with sterile distilled water to remove traces 
of the sterilizing agent.

Step 3: Crushing the Root Nodules

1. Transfer the sterilized nodules onto a sterile Petri dish or glass slide.

2. Using a sterile scalpel, carefully crush the nodules to release the 
bacteria (Rhizobium) from within the nodule.

3. Mix the crushed nodule with a small amount of sterile water to form a 
suspension.

Step 4: Inoculation

1. Using a sterile inoculation loop, take a small amount of the nodule 
suspension.

2. Streak the suspension onto the surface of a sterile YEMA (Yeast Extract 
Mannitol Agar) plate.

o YEMA is the selective medium for isolating Rhizobium as it 
contains mannitol as the carbon source.

3. Incubate the plates at 28-30°C for 3-7 days.

Step 5: Observation of Colonies

1. After incubation, observe the growth of bacterial colonies.

o Rhizobium colonies appear white, translucent, and slightly raised. 
They are typically smooth and glistening.

Step 6: Gram Staining

1. Pick a colony from the YEMA plate using a sterile loop.



2. Prepare a bacterial smear on a glass slide by mixing the colony with a 
drop of water.

3. Air dry the smear and heat-fix it by passing it over a flame.

4. Perform Gram staining:

o Flood the slide with crystal violet for 1 minute, then rinse.

o Apply iodine solution for 1 minute, then rinse.

o Decolorize with ethanol for 10-15 seconds, then rinse.

o Counterstain with safranin for 30 seconds, then rinse and air dry.

5. Examine the stained smear under a microscope (100x oil immersion 
objective).

o Rhizobium is a Gram-negative bacterium, so it will appear pink 
under the microscope.

Step 7: Confirmatory Tests

1. Perform additional tests to confirm the identity of Rhizobium:

o Motility test: Rhizobium is motile.

o Nitrogen fixation test: Rhizobium can fix nitrogen, which can be 
confirmed through specialized biochemical tests.

Disposal and Cleanup:

1. Properly dispose of the bacterial cultures, used Petri dishes, and 
contaminated materials in biohazard waste.

2. Handle hazardous chemicals (e.g., mercuric chloride) according to safety 
guidelines.

Documentation:

1. Record details of the experiment, including Date of isolation.Type of 
plant and root nodules used. Colony morphology and Gram stain results. 
Store isolated bacterial cultures in sterile media for further analysis or 
use.



Standard Operating Procedure (SOP):

To Study of Microtomy Technique

Objective:

To prepare thin sections of biological tissues for microscopic examination using 
the microtomy technique.

Materials Required:

1. Specimen (biological tissue sample)

2. Fixative solution (e.g., formalin)

3. Dehydrating agents (e.g., ethanol, xylene)

4. Paraffin wax (embedding medium)

5. Embedding mold

6. Microtome

7. Microscope slides, Cover slips

8. Tissue adhesive (for slides), Staining agents (e.g., hematoxylin, eosin)

9. Water bath (for flattening sections), Blade (disposable or reusable) (for
microtome), Forceps, Slide storage box, Labeling materials

Safety Precautions:

1. Wear appropriate PPE (lab coat, gloves, goggles).

2. Handle chemicals (fixatives, dehydrating agents) in a well-ventilated area
or fume hood.

3. Dispose of sharp materials (blades) in designated sharps containers.

4. Work with biological specimens using aseptic techniques.

Procedure:

Step 1: Tissue Fixation

1. Prepare the tissue by cutting it into small pieces (usually 1-2 cm).



2. Fix the tissue in 10% formalin (or other fixative) to preserve its structure.
Leave the tissue in fixative for 12-24 hours depending on its size.

Step 2: Tissue Dehydration

1. Dehydrate the tissue through a series of increasing ethanol 
concentrations (70%, 80%, 90%, 100%) to remove water.

o Leave the tissue in each concentration for 1-2 hours.

2. Clear the tissue by immersing it in xylene or another clearing agent to 
replace ethanol with a substance miscible with paraffin wax.

Step 3: Tissue Embedding

1. Melt paraffin wax in an embedding oven at 56-60°C.

2. Place the dehydrated tissue in molten paraffin and let it infiltrate for 
several hours.

3. Transfer the tissue to an embedding mold, position it properly, and fill 
the mold with paraffin wax.

4. Allow the wax to cool and solidify, forming a tissue block.

Step 4: Sectioning with Microtome

1. Mount the paraffin block onto the microtome chuck.

2. Adjust the microtome to the desired section thickness (typically 5-10 
µm for biological samples).

3. Carefully cut thin sections using a sharp blade.

4. Float the sections on a warm water bath (approx. 40-45°C) to flatten 
them.

5. Pick up the sections with pre-labeled microscope slides.

Step 5: Slide Drying and Adhesion

1. Place the slides in a drying oven at 37-40°C for several hours to ensure 
the sections adhere to the slides.

Step 6: Tissue Staining

1. Stain the sections using appropriate stains (e.g., hematoxylin and eosin 
for general tissue observation).



o Hematoxylin stains nuclei blue, while eosin stains cytoplasm and 
extracellular matrix pink.

2. Rinse the slides in water and dehydrate them by passing through a series 
of increasing ethanol concentrations, followed by xylene.

Step 7: Mounting

1. Apply a few drops of mounting medium onto the stained tissue section.

2. Place a coverslip over the section to protect it.

Step 8: Microscopic Examination

1. Examine the slide under a light microscope to observe the cellular and 
tissue structures.

2. Store the slides properly for future reference.

Disposal and Cleanup:

1. Properly dispose of used chemicals and biological waste as per lab 
guidelines.

2. Clean the microtome and work surfaces after use.

3. Safely discard used blades in a sharps container.

Documentation:

1. Record the specimen details (type, origin, size).

2. Note the fixative, staining, and section thickness used for each slide.

3. Store the slides in a slide storage box labeled with the specimen 
information.



Standard Operating Procedure (SOP)

Title: Calculation of Importance Value Index (IVI) from Given Vegetation

Objective:

To calculate the Importance Value Index (IVI) of different species in a given 
vegetation area. IVI is a measure used in ecology to express the relative 
importance of species in a community, considering their abundance, dominance,
and frequency.

Materials Required:

1. Quadrats (for vegetation sampling)

2. Measuring tape

3. GPS or other tools to locate the sampling area

4. Notepad and pen for recording data

5. Field guide for plant identification

6. Calculator or spreadsheet for data analysis

7. Data collection sheet

8. Gloves and appropriate field clothing

9. Clipboard

10.Ruler (for measuring tree diameters)

11.Compass (for orientation)

Definitions:

 Density: The number of individuals of a species per unit area.

 Frequency: The percentage of quadrats in which a species is present.

 Dominance: The basal area occupied by a species in a unit area.

 IVI (Importance Value Index): A measure that incorporates relative 
frequency, relative density, and relative dominance to determine the 
ecological importance of each species.

Procedure:

1. Selection of Study Area:



1. Select a specific area (e.g., a forest, grassland, or park) for vegetation 
sampling.

2. Use GPS to define the boundaries of the study area for accurate sampling.

2. Laying of Quadrats:

1. Lay quadrats (1 m² or 10 m² depending on the vegetation type) randomly 
or systematically in the study area.

2. The number of quadrats will depend on the size of the study area and the 
vegetation density. Typically, 10-20 quadrats are sufficient for a 
moderate-sized study area.

3. Recording Vegetation Data:

1. Species Identification:

o Identify the plant species present within each quadrat using a field 
guide or plant identification key.

2. Counting Individuals:

o Count the number of individuals of each species within each 
quadrat. Record the data in the observation sheet.

3. Measurement of Basal Area (for Trees or Shrubs):

o Measure the diameter at breast height (DBH) of each tree or shrub 
within the quadrat. Use the formula to calculate the basal area of 
trees: Basal Area=πd2/4

o where d is the diameter of the tree trunk.

4. Calculating Vegetation Parameters:

4.1 Density:

 Density is the number of individuals of a species per unit area. 
Density=Total number of individuals of a species/Total number of quadra
ts sampled

 4.2 Frequency:

 Frequency is the percentage of quadrats in which a species is present. 
Frequency (%)=Total number of quadrats  in which the species occurs
×100/ total Number of quadrats sampled



4.3 Dominance:

 Dominance is calculated by measuring the basal area of trees and shrubs 
in each quadrat. The total basal area of a species is divided by the total 
area sampled to give the dominance value. 
Dominance=Total basal area of a species/Total area of all quadrats 

5. Calculation of Relative Values:

5.1 Relative Density:

 Relative density represents the density of a species in comparison to the 
total density of all species in the sample. 
Relative Density (%)=Density of a species ×100 / 
Total density of all species

5.2 Relative Frequency:

 Relative frequency is the frequency of a species compared to the total 
frequency of all species. Relative Frequency (%)=Frequency of a species 
×100/ Total frequency of all species

 6. Calculation of Importance Value Index (IVI):

 IVI is calculated by adding the relative density, relative frequency, and 
relative dominance for each species: 
IVI=Relative Density+Relative Frequency+Relative Dominance

 This gives an overall indication of the ecological importance of each 
species in the community.

7. Recording and Analyzing Results:

1. Record the IVI for each species in a tabular format.

2. Compare the IVI values of different species to determine which species 
are most ecologically significant in the study area.

3. Species with higher IVI values are considered to have greater ecological 
importance within the community.

8. Conclusion:

 Analyze the results to determine the structure and composition of the 
vegetation in the study area.



 Discuss the dominant species and their possible role in the ecosystem.

 If necessary, discuss the factors influencing species distribution (e.g., 
light, soil type, moisture).

Safety Precautions:

1. Wear appropriate PPE (gloves, boots, long-sleeved clothing) to protect 
from plant allergens, insects, or environmental hazards.

2. Be cautious of rough terrain and other field hazards while laying out 
quadrats.

3. Use plant identification guides responsibly to avoid damaging the plants 
unnecessarily.

4. Dispose of plant material carefully if it is collected, and avoid littering in 
the natural environment.

Cleanup:

1. Ensure all quadrats and measuring tapes are collected from the field after 
the study.

2. Properly organize and store field equipment after use.

3. Clean up any tools and record all data before leaving the study site.



Standard Operating Procedure (SOP)

Title: Study of Leaf Injury from Roadside Plants

Objective:

To observe and analyze leaf injury in plants growing along roadsides due to 
exposure to pollutants and other environmental stress factors like dust, vehicle 
emissions, and chemicals.

Materials Required:

1. Roadside plant samples (leaves) from selected locations

2. Control plant samples (leaves) from non-polluted areas

3. Scissors or pruning shears

4. Plastic bags for sample collection

5. Magnifying glass or stereomicroscope

6. Ruler or calipers for measurement

7. pH paper or pH meter (optional, for surface pH measurement)

8. Chlorophyll meter (optional)

9. Distilled water

10.Paper towels or blotting paper

11.Gloves and mask (for safety during sample collection)

Chemicals and Reagents:

 Acetone or ethanol (for chlorophyll extraction if needed)

 Eosin solution (optional, for leaf injury staining)

 Microscopy slides (optional, for microscopic analysis)

Procedure:

1. Selection of Study Area:

1. Choose two locations:

o Polluted Area: Roadside locations where plants are exposed to 
traffic emissions, dust, and pollutants.



o Control Area: A non-polluted area such as a park or garden, far 
from roads or industrial activities, to serve as the control sample.

2. Sample Collection:

1. Collect Leaf Samples:

o Using scissors or pruning shears, collect at least 10 healthy leaves 
from each plant in both the polluted and control areas. Ensure that 
leaves are from similar plant species or the same species to 
maintain consistency.

o Place the leaves in clean plastic bags and label them clearly 
(Polluted or Control, along with the plant species name).

2. Handling Precautions:

o Use gloves while handling leaves to avoid contamination.

o Avoid excessive squeezing or damaging the leaves during 
collection.

3. Visual Observation:

1. Examine the Leaves:

o Visually inspect the leaves for signs of injury such as:

 Yellowing

 Browning or black spots

 Curling of leaf margins

 Necrosis (dead patches)

 Stunted growth or wilting

o Use a magnifying glass or stereomicroscope to closely observe 
any visible injuries, discoloration, or fungal/bacterial infections on 
the surface of the leaves.

2. Record Observations:

o Record the physical appearance of each leaf (both control and 
roadside samples) in terms of color, texture, and any apparent 
injury.



o Measure the leaf size using a ruler or calipers to check if there are 
any differences in growth between the roadside and control 
samples.

4. Quantifying Leaf Injury:

1. Injury Scoring:

o Assign a score to each leaf based on the degree of visible damage. 
A scoring system can be used such as:

 0 = No visible injury

 1 = Slight injury (minor spots or discoloration)

 2 = Moderate injury (significant yellowing, browning, or 
curling)

 3 = Severe injury (extensive damage, necrosis)

Analysis of Results:

1. Comparing Control vs. Polluted Samples:

o Compare the extent of leaf injury, chlorosis, and any other 
observed symptoms between the control and roadside plants.

o Analyze whether the degree of leaf injury correlates with the level 
of exposure to roadside pollution.

2. Quantitative Analysis:

o If applicable, calculate the percentage of damaged area on each 
leaf.

o Summarize the data using bar graphs or tables to display injury 
scores or chlorophyll content for polluted vs. control samples.

Conclusion:

 Based on the observations, conclude whether plants growing near 
roadsides show more severe leaf injury compared to plants from non-
polluted areas.

 Discuss the possible causes of leaf injury, such as air pollutants (e.g., 
NOx, SOx, particulate matter), vehicular emissions, and other stress 
factors.



Safety Precautions:

1. Wear appropriate PPE (gloves, mask, lab coat) while collecting roadside 
plant samples to avoid direct exposure to dust or pollutants.

2. Handle chemicals like acetone or ethanol with care. Use them in a well-
ventilated area and avoid open flames.

3. Properly dispose of waste, including used chemicals and plant material, 
as per laboratory guidelines.

Cleanup:

1. Clean all equipment and glassware with distilled water after use.

2. Dispose of plant material and chemicals following the lab’s waste 
disposal protocols.

3. Ensure that the workspace is clean and all materials are safely stored.



Standard Operating Procedure (SOP)

Title: Detection of Organic Acids from Diseased and Healthy Plants

Objective:

To detect and compare the presence and concentration of organic acids in 
diseased and healthy plant tissues using chromatographic techniques or titration 
methods.

Materials Required:

1. Fresh plant tissues (diseased and healthy samples)

2. Mortar and pestle

3. Ethanol or methanol (for extraction)

4. Distilled water

5. Filter paper

6. Test tubes

7. Centrifuge (optional)

8. pH meter or pH paper

9. Reagents for organic acid detection (specific to the chosen method: 
titration or chromatography)

10.Chromatography paper or TLC plates (for chromatography method)

11.Indicator solution (e.g., phenolphthalein) for titration

12.Sodium hydroxide (NaOH) solution for titration

Chemicals and Reagents:

 For extraction: Ethanol or methanol

 For titration: Sodium hydroxide (NaOH), phenolphthalein indicator

 For chromatography: Solvent mixture (ethanol

or another suitable solvent system), specific standards for organic acids (e.g., 
citric acid, oxalic acid)

Procedure:



1. Sample Preparation:

1. Collect healthy and diseased plant tissues separately. Ensure fresh 
samples are used for the analysis.

2. Wash the plant tissues with distilled water to remove dust and surface 
contaminants.

3. Blot dry the samples using filter paper or a clean cloth.

2. Extraction of Organic Acids:

1. Grinding: Weigh about 5 grams of each plant sample (healthy and 
diseased) and grind them separately using a mortar and pestle with 10-15 
mL of ethanol or methanol.

2. Filtration: Filter the extract through filter paper into a clean test tube to 
remove solid debris. If necessary, centrifuge the mixture to separate any 
remaining solid particles.

3. Evaporation (optional): If needed, evaporate the solvent under reduced 
pressure or heat at a low temperature to concentrate the organic acids.

3. Detection of Organic Acids:

Organic acids can be detected using various methods. Two common methods 
are titration and chromatography.

A. Titration Method:

4A. Preparation for Titration:

1. pH Measurement: Measure the pH of the extract to check for the 
presence of acidic compounds.

2. Add a few drops of phenolphthalein indicator to the plant extract (this 
acts as the endpoint indicator for the titration).

3. Fill a burette with 0.01 N sodium hydroxide (NaOH) solution.

5A. Titration:

1. Titrate the plant extract with NaOH until the solution turns light pink (the 
endpoint), indicating neutralization of the organic acids.

2. Record the volume of NaOH used for each sample.



6A. Calculation:

 Calculate the concentration of organic acids in each sample using the 
formula: Acid concentration (mg/L)= VNaOH×NNaOH×49 / 
Sample volume (mL)

 Where:

o VNaOH = Volume of sodium hydroxide used (in mL)

o NNaOH = Normality of sodium hydroxide

o 49 = Equivalent weight of the acid (for monoprotic acids)

7A. Recording Results:

 Compare the volume of NaOH used for both healthy and diseased plant 
extracts to detect differences in organic acid concentrations.

B. Chromatography Method:

4B. Preparation for Chromatography:

1. Take a small portion (1-2 mL) of each plant extract (healthy and diseased)
and spot it onto a chromatography paper or TLC plate.

2. Prepare a suitable solvent system (e.g., ethanol

or another solvent suitable for organic acid separation).

5B. Chromatography Procedure:

1. Place the chromatography paper or TLC plate into a developing chamber 
containing the solvent mixture. Ensure that the spots are above the 
solvent level.

2. Allow the solvent to travel up the plate, carrying the organic acids with it.

3. After the solvent front reaches a suitable height, remove the plate and 
mark the solvent front.

4. Dry the plate and visualize the separated spots of organic acids under UV 
light or by spraying with a suitable detection reagent (e.g., ninhydrin for 
amino acids or bromocresol green for organic acids).

6B. Comparing Results:



 Compare the Rf values (distance traveled by the compound relative to the
solvent front) of organic acids in healthy and diseased samples.

 Identify the organic acids by comparing their Rf values with known 
standards.

Safety Precautions:

 Wear appropriate personal protective equipment (PPE) such as gloves, 
goggles, and lab coat.

 Handle solvents and reagents with care. Ethanol and methanol are 
flammable, and NaOH is corrosive.

 Dispose of chemical waste as per laboratory guidelines.
 Work in a well-ventilated area or under a fume hood when handling 

volatile chemicals.

Cleanup:

1. Clean glassware and equipment with distilled water after use.

2. Ensure all reagents are properly labeled and stored after the experiment.

3. Ensure the laboratory workspace is clean and organized before leaving.

Standard Operating Procedure (SOP)



Title: Estimation of Chlorine from Water Sample

Objective:

To estimate the amount of free chlorine present in a water sample using the 
iodometric titration method.

Materials Required:

1. Water sample

2. Potassium iodide (KI) solution

3. Acetic acid (CH₃COOH)

4. Sodium thiosulfate (Na₂S₂O₃) solution (0.01 N)

5. Starch solution (1%)

6. Distilled water

7. Burette

8. Pipette

9. Conical flask

10.Volumetric flask

11.Measuring cylinder

12.Beakers

13.Glass rod

Chemicals and Reagents:

 Potassium iodide (KI) crystals

 Acetic acid (CH₃COOH)

 Sodium thiosulfate (Na₂S₂O₃)

 Starch indicator solution

Procedure:

1. Preparation of Reagents:

 Potassium iodide (KI) solution: Dissolve an appropriate amount of KI 
in distilled water to prepare a 10% solution.



 Sodium thiosulfate (Na₂S₂O₃) solution: Use 0.01 N sodium thiosulfate 
solution.

 Starch Indicator Solution: Prepare 1% starch solution by dissolving 
starch in warm distilled water and cooling it.

2. Sampling:

 Collect the water sample in a clean container. Ensure the sample is fresh 
and free from any contaminants.

3. Iodometric Titration:

1. Pipetting the Water Sample:

o Pipette 50 mL of the water sample into a clean conical flask.

2. Adding Potassium Iodide (KI):

o Add about 1-2 grams of potassium iodide crystals to the flask.

3. Acidification:

o Add 5 mL of acetic acid to the flask to acidify the solution.

4. Reaction:

o The chlorine present in the water reacts with potassium iodide to 
liberate iodine: Cl2+2KI→2KCl+I2Cl₂ + 2KI \rightarrow 2KCl + 
I₂Cl2+2KI→2KCl+I2

5. Titration with Sodium Thiosulfate:

o Titrate the liberated iodine with the standardized 0.01 N sodium 
thiosulfate solution until the pale-yellow color of iodine fades.

6. Adding Starch Indicator:

o When the solution becomes pale yellow, add 2-3 drops of starch 
solution. The solution will turn blue.

7. Completion of Titration:

o Continue titration with sodium thiosulfate until the blue color 
disappears, indicating the endpoint.

4. Calculations:



 The amount of chlorine is calculated using the formula: Chlorine (mg/L)=
Vthio×Nthio×35.45×1000/ Vsample

 Where:

o Vthio = Volume of sodium thiosulfate used (in mL)

o Nthio = Normality of sodium thiosulfate

o Vsample = Volume of water sample taken (in mL)

o 35.45 is the molar mass of chlorine.

5. Recording Observations:

 Record the volume of sodium thiosulfate used for each titration.

 Repeat the titration for accuracy and take the average value.

6. Reporting Results:

 Express the result as the concentration of free chlorine in mg/L.

Safety Precautions:

1. Always wear appropriate PPE (gloves, goggles, lab coat).

2. Handle acids and reagents carefully.

3. Dispose of chemical waste as per your laboratory guidelines.

Cleanup:

1. Clean all glassware with distilled water.

2. Store reagents properly after use.

3. Ensure the workspace is clean before leaving the lab.
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